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Many studies have been devoted to investigation of phase separation and formation of lipid domains,
which play crucial role in many biological processes. Here we present a complex study on the formation,
dynamics, and stability of the phase-separated supported lipid membranes under varying pH conditions.
The size and distribution of liquid-ordered (Lo) phase domains were investigated in a wide range (1.7–
9.0) of buffer pH values and a strong correlation was found between the size of the Lo domains and pH
of the buffer hydrating the lipid bilayer. Interestingly, the dynamics of lipids composing both Lo and Ld
phase are insensitive to the pH of the buffer. Our findings demonstrate that by varying pH of the environ-
ment one can induce formation of domains with a specific size and shape without any external modifi-
cation of the solid support or altering the membrane composition. Finally, we show that the architecture
of the lipid membrane is stable even upon replacement of the aqueous medium with the buffer of neutral
pH. Consequently, this method of patterning of Lo phase domains in biomimetic membranes is applicable
to the studies involving binding of proteins or incorporation of other pH-sensitive molecules.

� 2021 The Author(s). Published by Elsevier B.V. This is an open access article under the CC BY license
(http://creativecommons.org/licenses/by/4.0/).
1. Introduction

Biological membranes play a key role in the functioning of the
cells. They are responsible for protecting the cell from changing
external factors in the process called homeostasis. Moreover, they
allow transportation of the ions and molecules such as glucose,
amino acids, and lipids inside and outside the cell. The presented
by Singer and Nicholson fluid mosaic model [1] is still the most
accurate model describing the cell membrane. It proposes that cell
membrane is composed of different types of lipids, forming more
or less randomly organized fluid, in which there are embedded var-
ious components such as cholesterol, proteins, and carbohydrates.
Sphingolipids and cholesterol form more organized micro- and
nanoscopic domains, that are floating in the sea of phospholipids
[2]. Sphingolipids with their long and saturated acyl chains allow
the cholesterol to tightly intercalate with them, forming the
liquid-ordered (Lo) phase [3]. On the other hand, unsaturated phos-
pholipids are more loosely packed due to the structure of their acyl
chains and are forming a liquid disordered (Ld) phase.

The lateral segregation in the membrane and compartmental-
ization by lipid domains are strongly related to many biological
processes occurring in the body such as protein sorting [4], ion-
channel regulation [5,6], signaling [7,8], membrane trafficking
[9,10], organization of cytoskeleton [11,12] and pathogen entry
[13,14]. Moreover, cholesterol- and sphingomyelin-rich domains
are connected with the binding of toxins and their penetration
inside the cell, as well as they are suggested to create the microen-
vironment promoting the prion formation and aggregation of amy-
loids [15]. The importance of the lipid domains led to the studies
on how to manipulate their size and shape and questions as to
the relations between size, distribution and the density of the
domains with other membrane parameters such as diffusion coef-
ficient or rigidity. So far the membrane structure was altered by
changing its composition [16–19], the composition of the aqueous
environment [20], the addition of lineactants [21], nucleation and
spinodal decomposition processes [22], or applying different tem-
perature and cooling speed during lipid bilayer formation [23].

One of the factors that affect the biological cell membranes is
the change of the pH inside the cell as well as in the surrounding
environment. The variations in the concentration of H+ and OH–

ions, that occur outside the cell are responsible for the functioning
of the cell, regulating its mobility [24,25] and deformation [26,27].
The internal changes of pH in the cells take part in the signaling
mechanism of many cellular processes such as regulation of the
cell cycle [28], proliferation [29], differentiation [30], and cell
apoptosis [31]. The patterning of pH occurring within the cell plays
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a key role in the organization of the cytoskeleton [32] and regu-
lates the migration of its components [33]. The abnormal increase
in intracellular and decrease in extracellular pH are connected with
the mutation of cancer cells and tumor progression [34]. Clearly,
the understanding of the influence of pH on biological cell mem-
branes has become of great interest to biophysicists, biologists,
and biochemists.

The investigation of lipid membranes in native form is difficult
due to the complexity of the living cells as well as all the chemical,
biological and physical processes that can alter the studied proper-
ties. The changes in the structure and dynamics of lipid mem-
branes upon exposure to different pH conditions were checked
so far on the systems such as supported black lipid membranes
[35], liposomes [36], or single component supported lipid bilayers
(SLBs). However, due to the higher complexity of lipid membranes
exhibiting phase separation than those comprised of only one type
of lipids, the studies on the behavior of Lo lipid domains under
varying pH conditions so far were not addressed in detail.

To understand the behavior of the cell membranes under vary-
ing pH conditions we used supported lipid bilayers (SLBs), which
mimic well the natural cell membranes [37]. Here we show how
phase-separated membranes behave under a wide range of envi-
ronmental pH 1.7–9.0. We observed that the structure of lipid
membranes is extremely sensitive to the changes in pH, with a
clear increase of the Lo phase domains size with the increasing
pH. At the same time, lipid membranes maintained their full
mobility within the whole tested pH range. The formation of
domains with specific size occurs on the solid support and results
from the changes in the height difference between lipids compos-
ing Lo and Ld phase under different pH of the environment. These
findings demonstrate that it is possible to prepare membranes
with predefined size and shape of lipid domains without any exter-
nal modification of their composition. The formation of lipid
domains with a specific size makes them great platforms for study-
ing the binding of proteins, signal transduction molecules, and
incorporation of membrane channels for tracking transport across
the membrane.
2. Materials and methods

2.1. Materials

1,2-Dimyristoleoyl-sn-glycero-3-phosphocholine (14:1 PC), egg
yolk sphingomyelin (SM), and cholesterol were purchased from
Avanti Polar Lipids, Alabaster AL., USA. Monosialoganglioside
(GM1) from bovine brain and 1,2-Dioleoyl-sn-glycero-3-
phosphoethanolamine labeled with Atto 633 (DOPE-Atto 633),
sodium hydroxide (NaOH), and hydrogen chloride (HCl) were pur-
chased from Merck KGaA, Darmstadt, Germany. N-2-Hydroxyethyl
piperazine-N’-2-ethane sulphonic acid (HEPES PUFFERAN�) was
obtained from Carl Roth GmbH & Co KG, Karlsruhe, Germany. Alexa
Fluor 488 conjugated with cholera toxin B subunit (CTxB 488) was
obtained from Molecular Probes, Life Technologies, Grand Island,
NY, USA. Calcium chloride (CaCl2) was purchased from CHEMPUR�,
PiekarySlaskie, Poland. Sodiumchloride (NaCl)wasobtained fromP.
P.H. STANLAB sp. j., Lublin, Poland. All the materials and reagents
were used without further purification. Optical adhesive glue Nor-
land 68 was purchased from Norland Products Inc., Cranbury, NJ,
USA. The ultrapure water was obtained by usingMilli-Q� Reference
Water Purification System fromMerck KGaA, Darmstadt, Germany.
2.2. Vesicles preparation

The SLBs were prepared by vesicles deposition on the solid sup-
port following the formerly established method [38]. In order to
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form multilamellar vesicles (MLV), 14:1 PC, SM, and cholesterol
in chloroform solution were mixed at the molar ratio 1:1:1 with
addition of 0.1 mol% of GM1 and 0.1 mol% of DOPE-Atto 633 dye
to form 10 mM solution of the lipids. The lipid mixture was dried
under nitrogen gas leaving a thin film of lipids deposited on the
bottom of the vial. To confirm the complete evaporation of the
organic solvent, the dried lipid mixture was further desiccated in
a vacuum-dry chamber for at least 2 h. The lipids were resus-
pended in the buffer solution (10 mM HEPES and 150 mM NaCl,
pH adjusted to 7.4) and exposed to four cycles of heating on the
hot plate at 60 �C and vortexing. Each step of heating and vortexing
was performed for 1 min. Lipid suspension containing 10 mL of
multilamellar vesicles (MLVs) was distributed into new sterilized
glass vials. Aliquots were stored at � 20 �C for further use and con-
sumed within two weeks.

2.3. Vesicles characterization

Vesicles for determination of mean hydrodynamic diameter
were prepared using the same composition and the same approach
as for the formation of SLBs but with the final concentration of
lipids 20 mM. After drying and desiccation, lipids were resus-
pended in 100 mL of the buffer solution (10 mM HEPES and
150 mM NaCl) with pH adjusted to the final values 2.2, 4.2, 7.2,
and 9.0. Each sample was exposed to four cycles of heating on
the hot plate at 60 �C and vortexing to produce multilamellar vesi-
cles (MLVs). Subsequently, MLVs suspensions at different pH were
exposed to 10 min of sonication to obtain small unilamellar vesi-
cles (SUVs). Lipid suspensions were then diluted in the buffer of
specific pH for the final lipids concentration of 0.727 mg/ml. The
mean hydrodynamic diameter and polydispersity index (PDI) of
the vesicles were determined from dynamic light scattering (DLS)
measurements using Zetasizer Nano by Malvern Panalytical, Kas-
sel, Germany. Prior to the measurement lipid suspensions were
exposed to the ultrasound water bath for 5 min.

2.4. SLBs preparation

All buffers for SLBs preparation contained 10 mM HEPES and
150 mM NaCl. By using a suitable amount of 0.1 M HCl, pH of buf-
fers was adjusted to the final values of 1.7, 2.2, 3.7, 4.2, 4.7, and 5.2.
0.5 M of NaOH was added to obtain buffers with pH 5.7, 6.2, 6.7,
7.2, 7.7, 8.2, 8.5, and 9.0. The adjustment was done by using pH
meter ELMETRON� CP-461. Lipid vesicles were diluted 10 times
by the addition of the HEPES buffer of the desired pH to obtain
the final lipids concentration of 1 mM. Aliquots containing MLVs
were bath-sonicated for 10 min at maximum power to generate
SUVs. To prepare the solid support for lipids deposition, a thin layer
of freshly cleaved mica was glued by UV-activated glue on the glass
coverslip. A half-cut Eppendorf tube was placed on the top of the
coverslip and sealed with silicone to create a water reservoir.
100 mL of SUVs solution was deposited on top of the mica at room
temperature, followed by the addition of 2 mL of 0.1 M CaCl2 solu-
tion and 8 mL of 0.01 mM CTxB 488 and allowed to settle down for
30 s before the consecutive addition of 400 mL of HEPES buffer with
the desired pH. The sample was incubated for 30 min and washed
by pipetting up and down with an overall of 20 ml of HEPES buffer
with the corresponding pH to remove the excess, unburst vesicles.
After the final wash, the Eppendorf tube was filled with the same
buffer solution, closed with a glass coverslip, and sealed with med-
ical silicone.

2.5. Confocal imaging and FRAP experiments

The confocal imaging and fluorescence recovery after photo-
bleaching (FRAP) experiments were conducted using Zeiss LSM
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710 microscope from Carl Zeiss, Jena, Germany with 40� 1.3NA oil
immersion objective. Ar laser 488 nm was used for excitation of
CTxB-Alexa Fluor 488. The excitation of Atto 633 was done using
HeNe laser with the wavelength 633 nm. Emission was recorded
at wavelength range 495–530 nm for green light channel (CTxB-
Alexa Fluor 488) and 645–797 nm for red light channel (Atto 633
detection). The minimal laser powers were used to minimize pho-
tobleaching. For FRAP experiments a circular area with 10 mm
diameter was bleached and the fluorescence recovery kinetics
were recorded. Diffusion coefficients (D) of lipid molecules were
obtained by fitting the fluorescence recovery curve following the
modified Soumpasis formula (1) [39].

f ðtÞ ¼ a � e2sD
t ðI0ð2sDt Þ þ I1ð2sDt ÞÞ þ b ð1Þ

where

sD ¼ w2

4D
ð2Þ

where a is an amplitude of the fitted recovery curve, b is the fluores-
cence remaining after photobleaching,w is a bleach area radius, and
I0ðtÞ and I1ðtÞ are modified Bessel functions.

Fitting was performed for data normalized with respect to the
reference intensity signal of the whole image (excluding the
bleached area). The mobile fraction for the liquid disordered phase
was calculated according to the formula (3).

Rmobile ¼ a
1� b

ð3Þ

where a and b parameters were obtained from fitting. The
extracted diffusion coefficient (D) was finally averaged from FRAP
traces acquired from 10 different areas within the sample of a
specific pH. This approach of determining lipids diffusion coeffi-
cient was proven widely applicable for hydrated phase-separated
membranes [40] as well as for membranes of varying hydration
state [41]. In the experiments we choose to excite a spot that is suf-
ficiently large (typically 10 mm) that for all tested pH values we
probed diffusivity of lipids subjected to different microenviron-
ments and hence exhibiting different diffusivity (for instance Lo
lipids moving within the Lo domains (i), those moving from Ld into
Lo phase and vice versa (ii), as well as, Lo lipids moving within the
Ld phase (iii)). This way we measured average diffusion coefficient
of lipids associated with each of the phases. This is particularly
important for the presented experiments as we intended to com-
pare dynamics of lipids solely as a function of changing pH condi-
tions. Choosing smaller area could lead to probing different species
of lipids resulting in (potentially additional) variation in diffusion
coefficient of lipids between different pH values. To determine
the average size of the lipid domains and total area occupied by
domains, the original confocal images were converted to black
and white binary versions by adjusting the threshold of contrast
in the ImageJ software [42]. At least 10 different locations were
chosen from 2 different samples of the same pH, for a total of 20
images 50x50 mm each. Circularity was calculated for samples pre-
pared at pH 4.2, 5.7, 7.2, and 9.0 using ImageJ software based on
the equation (4).

circularity ¼ 4p area

perimeter2
ð4Þ

Images were converted to black and white binary versions and
smoothened, by replacing each pixel with the average of its 3 � 3
neighborhood. At least 12 images, 50� 50 mm in size from different
spots within the same sample were analyzed, each contained 12–
330 domains.
3

3. Results and discussion

3.1. Size of lipid domains as a function of pH

SLBs were prepared from a ternary lipid mixture of 14:1 PC/SM/
cholesterol in the molar ratio 1:1:1. This commonly used mem-
brane composition is characterized by phase separation (Ld and
Lo), mainly due to the difference in the fatty acid chain length
between 14:1 PC and SM [43]. Ld phase is built of shorter phos-
phatidylcholine and cholesterol, while Lo phase is composed of sat-
urated sphingomyelin, interleaved tightly with cholesterol. The
chosen ratio 1:1:1 of 14:1 PC, SM and cholesterol has been quite
well characterized in the literature regarding both structure and
dynamics [44–46], allowing us to verify consistency of our mem-
branes at neutral conditions with those studied earlier.

For labelling of the Ld phase we used fluorescent lipid, which
shows high affinity and specific partitioning to disordered phase.
The fluorescent probe is an Atto 633 dye covalently attached to
the hydrophilic headgroup of 1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine (DOPE). Labelling of the Lo phase was done
using monosialoganglioside (GM1) – a receptor of the cholera toxin
subunit B (CTxB), which partitions specifically in the Lo phase [47].
The imaging of CTxB is possible due to the conjugation of CTxB
with Alexa Fluor 488 dye. In general ganglioside GM1 has been
shown to partition into both phases but upon binding with CTxB
it preferentially localizes in the Lo phase, allowing the visualization
of sphingomyelin-rich domains [44].

The confocal images of phase-separated SLBs revealed that
there is an extremely strong influence of the environmental pH
on the structure of lipid membranes as presented in Fig. 1. As
shown in Fig. 1A the domains of Lo phase could not be resolved
in the membranes labeled with both dyes and prepared in pH
below 3.7. These membranes were visible as a mixture of Lo and
Ld phases. As presented in Fig. 1B and C membranes prepared at
pH 4.2, and 4.7 had very small domains, while in the pH range
5.7–8.2 Lo phase formed more round, and larger domains. The rep-
resentative images for pH 6.2 and 7.2 are shown in Fig. 1D and E. At
pH 8.5 and 9.0 domains were merging into bigger entities with
areas up to tens of mm2. Membranes prepared in these conditions
contained regions with inverse domains, where Ld phase formed
round domains within the Lo phase as it is shown in Figs. 1F and
S1. Membranes in the whole tested pH range 1.7 – 9.0 did not show
any signs of peeling off from the substrate, formation of holes, or
other intrinsic defects.

Membranes containing CTxB protein for labeling did not show
significant phase separation at pH below 4. To eliminate the possi-
ble impact of denaturation of CTxB protein in pH values below 4
[48], some membranes were prepared without labeling the Lo
phase with CTxB-AlexaFluor 488. As shown in Fig. S2 lipid bilayers
prepared at pH 2.2 (A) and 3.7 (B) without the addition of CTxB
protein contained small, distinguishable domains of Lo phase,
which previously were not visible under the fluorescence micro-
scope. CTxB is a 57 kDa pentamer protein [49], which in the folded
state binds up to 5 GM1 molecules, that diffuse together. Upon
denaturation in pH below 4, this big complex unfolds, exposing a
larger surface area with the increased number of binding sites that
can hamper many lipid molecules [50]. It is thus feasible that upon
denaturation of CTxB the free movement of lipids composing Lo
phase and their assembly into domains is hindered. It has to be
emphasized that even in harsh acidic conditions lipid bilayer with-
out the addition of CTxB was able to reorganize its structure, which
was visible as merging of lipid domains over time as depicted in
Fig. S2(C, D).

The increase of the pH in the range of 1.7–9.0 causes an increase
in the average domain size. To quantify the observed variation of



Fig. 1. Fluorescence images of supported lipid bilayers composed of 14:1 PC/SM/cholesterol and formed at pH: (A) 3.7, (B) 4.2, (C) 4.7, (D) 6.2, (E) 7.2, (F) 9.0. Ld phase was
labelled with DOPE-Atto 633 (red), complex CTxB – AlexaFluor 488 marks Lo phase domains (green). The increase of the size of Lo phase domains is strongly related to the
increase in the pH of the environment. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)

Fig. 2. (A) Average Lo domain size (marked by blue squares) and area occupied by Lo domains (green circles) as a function of pH, (B) linear dependence of the average domain
size as a function of pH within the pH range 3.7 – 6.7, marked on panel (A) by two vertical, dashed lines. (For interpretation of the references to colour in this figure legend, the
reader is referred to the web version of this article.)
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domain sizes, lipid membranes were analyzed by using ImageJ. As
presented in Fig. 2A the average Lo phase domain size for lipid
bilayers prepared in pH 2.2 was 0.37 ± 0.13 mm2, whereas for
near-neutral pH 7.2 it was 5.03 ± 0.57 mm2. The further increase
of the pH led to the rapid changes in the average size of the Lo
domains, which for the highest tested pH 9 was 53.71 ± 8.70 mm2.
Intriguingly, as shown in Fig. 2B the average domain size showed a
linear dependence on the pH in the range of pH 3.7–6.7. In this
range, the domain size increased on average by 0.38 ± 0.03 mm2

with pH increase of 0.5. Due to the resolution limit of the confocal
microscope, domains of Lo phase for the sample prepared at pH 1.7
could not be resolved.

The area occupied by domains of Lo phase was found to also
increase with the increase of pH of the medium buffer. The small-
4

est area occupied by domains was observed for pH 2.2 with the
value of 22%, which was more than two times smaller than for
pH 9.0, where 49% of the total image area was occupied by
domains of Lo phase. It should be noted that the initial composition
of membranes was the same for each tested pH condition. The
decrease in the area occupied by Lo phase could be caused by the
occurrence of nanodomains embedded within Ld phase at lower
pH, which could not be resolved by a confocal microscope. On
the other hand, it has been shown that lowering of the pH causes
a decrease in the area per lipid (AL) [51,52]. At low pH, hydrocar-
bon chains are more closely organized due to the decreased head-
group repulsion. The headgroup rearrangement leads to the denser
packing of the lipids, which in turn causes up to 33% decrease of
the area per headgroup for lipid membranes in pH 5.5 compared
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with pH 9.0. It is consistent with the presented here reduction of
the area occupied by domains by approximately 28% (from
1225 mm2 to 883 mm2) for the same values of pH as evaluated in
the molecular dynamics simulation [51].

It should be noted that both acidic and basic environment can
catalyze the process of lipids hydrolysis. Phosphatidylcholine can
be hydrolyzed at four locations, influencing carboxy esters at sn-
1 and sn-2 positions and phosphate ester bonds [53]. Lipid suspen-
sions containing phosphatidylcholine have been proven to be
stable for 140 h at pH 4, 7 and 10 and slowly hydrolyzed at pH 1
with a half-time of 50 h [54]. In our experiments, bilayers were
monitored for no longer than 24 h. Within this time scale, only a
small amount of phosphatidylcholine undergoes hydrolysis, and
it can be concluded that this reaction does not influence the forma-
tion of lipid domains under both acidic and basic pH. Moreover, the
hydrolysis rate reported in literature for the pH range tested in this
research (1.7–9.0), would result in the formation of a negligible
amount of hydrolyzed lipids, that potentially could cause a change
in the architecture of the membrane.

Shaping of the lipid membranes by the formation of Lo phase
domains with controlled size opens up a wide range of possibilities
for potential studying of protein binding and incorporation of
membrane channels that are placed specifically within the
domains. However, the use of different types of proteins requires
neutral or near-neutral pH of the buffer solution. To confirm the
applicability of our technique for future experiments involving
proteins, membrane stability was tested after the replacement of
the acidic/basic buffer with a buffer of pH 7.4. The lipid membranes
were prepared in pH 4.2 and 9.0 to form domains of specific size
and then the liquid medium was replaced (multiple, thorough
washing) with the buffer of neutral pH 7.4. After 1 h of incubation
in the buffer of pH 7.4, lipid membrane domains did not change,
maintaining their size and shape (see Fig. S3). The stability of the
membranes was tested for 72 h. Despite the normal merging of
the domains that is a natural process occurring over time, we did
not observe any abnormal rearrangement of the Lo phase. It can
be concluded that presented here technique of shaping of the lipid
membrane allows the formation of lipid domains with a specific
size in the buffer of corresponding pH, and further transfer into
the medium of neutral pH for subsequent studies involving pro-
teins and other pH sensitive molecules.

3.2. Lipids mobility under different pH conditions

To determine whether the increase of the domains size is
related to the changes in mobility of the lipids at different pH val-
ues, FRAP technique was applied [55,56]. FRAP traces presenting
the recovery trajectories with time after bleaching for SLBs pre-
pared at pH 4.2, 5.7, 7.2, and 9.0 are shown in Fig. 3A. The observed
recovery of the fluorescence indicated the formation of stable and
continuous lipid bilayers regardless of pH conditions. In the pres-
ence of defects such as membrane perforations, curling up or
detachment from the support, both fluorescence recovery as well
as mobile fraction would be hampered [57]. Diffusion coefficients
were determined separately for Ld and Lo phase as depicted in
Fig. 3B, because of the significant differences in the mobility of
the unsaturated lipids forming disordered phase and the more
packed saturated lipids that belong to the ordered domains. The
obtained values for the diffusion coefficient are in the range of
1.03–1.29 mm2/s (Fig. 3B) and are in full agreement with the work
by Kataoka-Hamai, who reported that the diffusion coefficient for
zwitterionic DOPC in a single component SLBs did not show signif-
icant differences (from 1.1 to 1.8 mm2/s), when measured for pH
values of 3, 4, 7.2, and 8.3 [58]. The diffusion coefficient for the
sphingomyelin-rich Lo phase was 4.5–10 fold slower than for Ld
phase, and varied between 0.10 mm2/s for pH 4.2 and 4.7, to
5

0.18–0.24 mm2/s for pH range 5.2–9.0. These results are consistent
with the findings reported by Bacia et al. [47] for neutral pH con-
dition, where depending on cholesterol concentration the diffusion
coefficient between Lo and Ld phase can be 6–50-fold lower. We
note here that the Lo phase is probed through CTxB molecules,
which can bind to multiple GM1 molecules (from 1 to 5 units)
[59]. Consequently, the diffusion coefficient measured through
CTxB complex corresponds to an average diffusivity of individual
lipids and also of larger lipid complexes (1–5 molecules). Hence
the diffusion of Lo phase lipids is very slow and the mobile fraction
is approximately around 30–40% with very little variation across
the entire tested pH range. The diffusion coefficient of Lo phase
lipids for SLBs prepared at pH lower than 4 could not be deter-
mined due to the plausible denaturation of the CTxB protein, which
is a compound linking AlexaFluor dye with the GM1. In this case,
FRAP traces could not be fitted due to the lack of fluorescence
recovery, indicating that Lo phase lipids were effectively immobile.
It should also be noted that lipids diffusion was not affected by the
buffer replacement from pH 4.2 to 7.4 and from pH 9.0 to 7.4
(Fig. S4). Lipid membranes prepared in the buffer with specific
pH can be transferred to the buffer of neutral pH without hamper-
ing the mobility of lipids.

Although changes in the pH of the environment did not affect
the diffusion of the lipids in the whole range of tested pH, they
influenced the mobile fraction of Ld phase. The mobile fraction
for the Ld phase was increasing with the pH, showing values in
the range �70–90% with a significantly lower value of 49% for
pH 3.7. The isoelectric point for a mixture of PC composed of differ-
ent chain length lipids (16:0, 18:0, 18:1, 18:2, and 20:4) was found
to be at pH 4.12 [60], and for SM around pH 4.01 [36]. It thus look
that the reduced mobile fraction at the pH of �3.7 is related with
the isoelectric point of our membrane. Zimmermann et al. sug-
gested that SLB composed of DOPC undergoes a charge–induced
transition from a liquid-crystalline bilayer into a more ordered/
gel phase bilayer at the isoelectric point [61]. At the same time
they observed a gradual reduction of the diffusion coefficient
below the isoelectric point. In the work by Petelska et al. they
observed (supported by theoretical models) an abrupt, over a 2-
fold increase of an interfacial tension for SLBs composed of PC,
PS, PE and SM at their isoelectric points [36,60,62]. The observed
in our data sudden reduction in the mobile fraction at the isoelec-
tric point is in line with the mentioned, possible changes of the
structural properties (phase transition and interfacial tension) in
such conditions. Above the isoelectric point, the force balance
between van der Waals interactions and electrostatic repulsion is
maintained, which allows lipids to move freely within the bilayer,
which was reflected here by the higher values of mobile fraction
than for more acidic pH values [63]. However, the exact mecha-
nism behind the observed lowering of mobile fraction at the iso-
electric point remains unclear.

3.3. Rearrangement of lipid domains under different pH conditions

Based on the FRAP experiments it is clear that the formation of
lipid domains with different size at different pH values is not
related to the potential changes in lipids mobility. In order to
determine whether variation in domain size occurs at the stage
of vesicle formation, the DLS measurements were applied. The
pH of the buffer in which vesicles were formed was 2.2, 4.2, 7.2,
and 9.0. As shown in Fig. S5 there was no difference in the mean
hydrodynamic diameter of the vesicles. Mean hydrodynamic diam-
eter was 94 ± 3 nm, 91 ± 3 nm, 104 ± 3 nm, and 98 ± 5 nm for pH
2.2, 4.2, 7.2, and 9.0 respectively, which is a typical size for SUVs
prepared by sonication method, reported in the literature [64,65].
The polydispersity index was 0.3 ± 0.04, 0.36 ± 0.09, 0.4 ± 0.03,
and 0.34 ± 0.06 for pH 2.2, 4.2, 7.2, and 9.0 respectively, indicating



Fig. 3. (A) FRAP curves for Ld phase of SLBs prepared at pH 4.2, 5.7, 7.7 and 9.0 and for Lo phase prepared at pH 5.7 and 7.2, (B) Diffusion coefficient for Ld (red circles) and Lo
(green squares) phases of SLBs and mobile fraction for Ld phase (black triangles) as a function of pH of the buffer. (For interpretation of the references to colour in this figure
legend, the reader is referred to the web version of this article.)
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that the obtained samples were relatively homogenous [66]. Evi-
dently, the presence of different size of domains was not the result
of the formation of bigger vesicles but must occur as a consequence
of rearrangement of the lipids upon deposition onto the solid
support.

To induce sample homogeneity, create the same sample ther-
mal history in the experiment, and enable observation of the
growth of the domains, samples were prepared at increased tem-
perature, which allowed complete mixing of Lo and Ld phase lipids.
Samples prepared at pH 4.2, 7.2, and 9.0 were heated during the
sonication, deposition, and incubation to 65 �C, which is higher
than the 14:1 PC and SMmiscibility temperature [43]. The samples
were imaged immediately after removing from the hot plate and
domains growth was observed over time. Right after removal from
the hot plate, membrane constituents were homogenously dis-
tributed, without the presence of any visible phase separation,
regardless of the tested pH. The nucleation process was visible
once the samples started to cool down, but the growth of domains
was different for each pH as shown in Figs. 4A and S6. The begin-
ning of the domains nucleation for the SLB prepared at pH 4.2 was
visible 5 min after removal from the hot plate. However, at this
time point domains were too small for quantification due to the
resolution limit of the confocal microscope. After 30 min lipid
domains had an average size of 0.76 ± 0.12 mm2. Within 1 h, they
doubled their size to the average value of 1.35 ± 0.13 mm2. The
domains size was checked also 3 h after removal from the hot plate
Fig. 4. (A) Lo phase domains growth as a function of time for the lipid bilayers prepared a
the minimum of 10 images collected from 10 different areas of the lipid membrane, each
domains for pH 4.2. (B) Circularity of the Lo domains at pH 4.2, 5.7, 7.2 and 9.0 calculate
higher pH tend to be more circular to minimize the energy at the phase boundary.
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and was estimated to be 1.29 ± 0.16 mm2, indicating that the equi-
libration of the sample with ambient temperature and domains
growth occurs within the first hour after removal from the hot
plate. The same time intervals were used for checking lipid mem-
branes prepared at pH 7.2 and 9.0. For all the samples the growth
of the Ld phase occurred within the first 1 h, when domains
reached the size characteristic for the tested pH and remained
stable for another 2 h. The rapid merging of the domains was
observed for the sample prepared at pH 9.0 as presented in supple-
mentary Movie M1. The time-dependent evolution of the domains
size for the three tested pH conditions follows the trend presented
by Giocondi et al. [67] where the growth of domains prepared at
neutral pH 7.4 was rapid within the first 45 min after temperature
quench from 60 �C to 23 �C. It has to be emphasized that the final
size of the obtained domains was different for each tested pH, even
though all samples had the same starting point of a complete mix-
ture of both phase constituents. Regardless of the tested pH,
domains of Lo phase equilibrated within 1 h, obtaining exactly
the same average size as when the samples were not exposed to
the heating (see Fig. 2A) and did not show further significant
growth for the next 2 h.

The average domain size is strongly related to the tendency of a
lipid mixture to phase separate, which is regulated by three factors
opposing each other. Entropy and electrostatic repulsion lead to
lipid mixing and formation of small domains [68]. On the other
hand, the size of domains is increased by the line tension occurring
t pH 4.2, 7.2 and 9.0. Each point presenting the average domain size corresponds to
analyzed image presented a minimum of 12 domains for pH 9 to approximately 330
d based on at least 10 different areas containing 12–330 domains each. Domains at
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at the boundary of two phases, which tries to reduce the perimeter
of the domain that is exposed to the water interface [69]. AFM
studies have proven that for the ternary lipid mixture of DOPC,
SM and cholesterol, Lo phase is thicker than the surrounding Ld
phase [70]. This height difference leads to the phenomenon called
hydrophobic mismatch, which occurs at the boundary of the two
phases. The mismatch in the height is energetically unfavorable
and leads to the formation of high line tension at the boundary
of Lo and Ld phases. Thus, under the presence of higher line tension,
the lipid membrane rearranges itself to minimize the length of the
boundary at the interface of two phases, which in consequence
leads to the formation of bigger domains.

According to Deplazes et al. [71] the zwitterionic lipids change
their height upon pH variation. Bilayer composed of POPC, which is
a zwitterionic lipid forming Ld phase, increased its thickness from
3.6 at neutral pH to 4.2 nm upon exposure to [H3O+] ions (addition
of 0.4 M of hydronium ions). The addition of [H3O+] ions leads to
the formation of acidic environment reducing the membrane fluid-
ity and making lipid tails more straight and rigid. At low pH lipid
hydrocarbon chains have higher orientational order, and a
decreased headgroup repulsion [51]. Consequently, the tails of PC
lipids can pack more densely, forming a more ordered state. Under
acidic conditions, the height difference between protruding lipids
of Lo phase and thinner Ld phase is reduced, leading to the lower
hydrophobic mismatch and thus reducing the need to form bigger
domains, decreasing the interfacial boundary between the two
phases and enhancing their miscibility. Indeed, as presented in
Fig. 4B membranes prepared in the higher pH are characterized
by higher line tension, which is associated with the formation of
more circular lipid domains. It is evident that the observed in this
study differences in the size of domains in buffers containing dif-
ferent concentration of H+ and OH– ions are directly related to
the changes in the height mismatch between Lo and Ld phases, that
lead to an increase of the line tension at the phase boundary.
4. Conclusions

It has been shown that pH of the environment has a strong
influence on the formation and size of the domains of Lo phase in
supported lipid bilayers. The increase of pH of the environment
leads to the formation of bigger Lo phase domains, exceeding the
factor of 50 for pH values from 1.7 to 9.0. The increase in average
Lo phase domain size is associated with an increase in the line ten-
sion and formation of rounder domains at higher pH values. Our
findings are consistent with the MD simulations, which showed
that unsaturated lipids take up straighter conformation under
acidic pH (thickening of the Ld phase bilayer) [71]. In return this
leads to the reduction of height difference between disordered
and ordered phase and formation of smaller domains. On the other
hand, the hydrophobic mismatch is more prominent under basic
pH, which leads to the formation of bigger domains and higher line
tension. We show here that the process of domains reorganization
is not a result of the formation of larger vesicles but occurs at the
stage of membrane establishment on the solid support. Adjust-
ment of the environmental pH enables the control of the formation
and size of domains without the introduction of mechanical
boundaries that would modulate the size of lipid domains [72],
use of lineactants [73], or modification of the membrane composi-
tion [74]. Given the high importance of lipid domains in many bio-
logical processes, the possibility to create these entities with a
specific and repeatable size gives a wide range of new experimen-
tal opportunities. Lipid domains with fully controlled size can serve
as platforms for the binding of different types of proteins such as
caveolins [75], signal transduction molecules [76], and incorpora-
tion of membrane channels [77]. The diffusion of the lipid mem-
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brane proteins is normally limited by the size of the domains.
Each domain can usually carry around 10 to 30 proteins [15]. The
formation of bigger lipid domains gives the possibility to create
binding sites for a higher amount of proteins and to observe the
mutual interactions between them and other chemical complexes.
It should be noted that lipid membranes prepared in different pH
conditions do not lose their mobility. The measurements of the dif-
fusion for both phases showed that although there is a significant
difference in the phase separation architecture of the membranes
prepared at different pH conditions, the diffusion coefficient of
the lipids is not affected by pH of the environment. Finally, lipid
membranes formed in specific pH do not rearrange their structure
upon replacement of the basic or acidic buffer to the buffer of neu-
tral pH. Thus presented here technique of domains shaping,
enables the further studying of the lipid membranes interacting
with molecules that require neutral environmental conditions.
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